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ABSTRACT

Nematodes are very diverse and could be free-living or plant parasite species. Amongst the
existing categories, the most aggressive ones are the root lesion nematode (Pratylenchus
spp.), root-knot nematode (Meloidogyne spp.), and cyst nematode (Globodera spp.). These
categories affect over 2000 susceptible crop species causing varying yield losses, reaching
100% under heavy infestations in potatoes. The common root-knot nematode and cyst nema-
tode hosts include tomato (Solanum lycopersicum), African eggplant (Solanum aethiopicum),
eggplant (Solanum melongena), and other solanaceous plants, including Physalis spp., Datura
spp., Hyoscyamus spp., Physoclaina spp., Salpiglossis spp., and Saracha spp. These nematodes are
disseminated mainly through irrigation water, rainfall runoffs, infested soil particles, commer-
cial seed potato tubers, contaminated footwear, animal hooves, farm implements, and machin-
ery. Effective control of nematodes requires farmers to practice integrated nematode
management systems with a combination of at least two management practices. Several
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cultural and agronomic practices have shown some decent levels of efficacy, thus recommend-
ed for adoption. Timely application of these practices is critical for achieving better outcomes.
Among the management strategies, applying nematicides is the most effective in the short
term. It is important to be cautious when using these chemicals, as they pose significant risks
to humans and the environment. Again, these products are costly, especially those within
moderate to low toxicity, making them unsustainable and out of reach for most small-scale
farmers.
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INTRODUCTION

over 2000 susceptible crop species (Moens et al,

2007; Abrantes et al., 2023). The genus Meloidogyne comprises

Nematodes are diverse, microscopic multicellular animals that
could be free-living or plant-parasitic species and are found al-
most everywhere. They parasitize a wide range of monocot and
dicot plant species, causing substantial annual yield losses. Nema-
todes can be broadly categorized into several groups. Out of the
groups, cyst nematode (CN: Globodera spp), root-knot nematode
(RKN:  Meloidogyne spp.), and root lesion nematode
(RLN: Pratylenchus spp.) are the most lethal, attacking and causing
significant crop yield losses (Abrantes et al., 2023). Each of the
three categories has several nematode species. Amongst these
categories, RKN and CN are the most aggressive ones affecting

about 100 species, with M.arenaria, M. incognita, M. hapla, and M.
javanica considered the main species (Elling, 2013). Twenty-two
out of the 100 identified Meloidogyne species occur in Africa,
posing a significant threat to crop production in small-holder
farms (Karuri et al., 2017). In Kenya, M. incognita, M.javanica, M.
hapla, M. africana, M. acronea, and M. kikuyensis are the most com-
monly reported species (Van den Berg et al, 2001;
Onkendi etal., 2014; Karuri etal., 2017). On the other hand, two
types of CN species are prevalent Globod-
era rostochiensis and Globodera pallida (Mwangi et al., 2015;
Mburu et al., 2018; Mburu et al., 2020).

in Kenya:
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These parasitic nematodes are limiting factors for the produc-
tion of potatoes, one of the most important food crops in the
region and the world (Karuri et al., 2017; Otieno and Mageto,
2021; Mbiyu etal., 2022). The losses in potatoes are character-
ized by decreased vyields, physical and chemical changes in
tubers, poor tuber quality, and malformations, which make them
unmarketable (Pinheiro etal., 2015; Medina etal., 2016). These
yield losses vary from low to 70% and to a complete loss in some
cases (Sparkes, 2013; Mburu et al., 2020; Mbiyu et al., 2022). The
levels of damages and losses, however, depend on a combina-
tion of factors, such as population build-up of the pest, number
of nematode generations per year, length of potato growing
season, time of planting, soil moisture, soil temperature, soil
structure, and host factors (Greco, 1993; Gomes and Souza,
2003; Sparkes, 2013). For instance, according to Brown and
Sykes (1983), a loss of approximately 2.75 tons per hectare of
potatoes can occur for every 20 viable potato CN eggs per gram
of soil. This translates to losses of 4.2-21.8 t/ha (Mburu et al.,
2020), equivalent to a relative yield loss of 6.3% to 80.5% during
the long rain season and from 5.5% to 73.3% during the short
rain season in Kenya (Mbiyu etal., 2022). Establishing a national
management strategy for mitigating RKN and CN threats in
potato production requires determining the extent of infesta-
tions, identifying the geographical distributions, and assessing
the various agronomic and social factors contributing to their
spread. This information is crucial in devising and implementing
effective measures to manage RKN and CN.

PREVALENCE OF NEMATODES IN KENYA

In Kenya, M. incognita, M.javanica, M. hapla, M. dfricana, M.
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acronea, and M. kikuyensis are the most commonly occurring RKN
species (Van den Berg et al., 2001; Onkendi et al., 2014; Karuri
etal., 2017), while Globodera rostochiensis and Globodera pal-
lida are the most detected species of potato CN (Mburu et al.,
2020). These species affect potatoes and other crops almost in
all growing areas. In Kenya, the first Globodera rostochiensis
occurrence was detected and reported in Nyandarua County by
Mwangi et al. (2015), while Globodera pallida were first detect-
ed and reported in Nyandarua County by Mburu et al. (2018).
These parasites then spread to several other potato-producing
areas across the country. Between 2016 and 2018, Mburu et al.
(2020) conducted a nationwide survey to determine the diversi-
ty, prevalence, and distribution of PCN species. They detected
PCN in all 20 potato-producing counties, with Nyeri County
presenting the lowest incidence (53%), while Trans Nzoia, Taita
Taveta, and West Pokot counties had 100% incidence (Figure 1).
The extent of the impact and spread of this nematode can be
observed even under certified fields, where, of the 22 certified
seed farms sampled, 82% of farms were infested with PCN
(Mburu et al., 2020). Regarding composition, Mburu et al. (2020)
found that most PCN populations, 99.9%, were G. rostochiensis,
while G. pallida were retrieved from one field. Haukeland (2016)
has confirmed even much higher infestation in over 80% of all
potato farms in Kenya. The RKN prevalence is also widespread
in the country; in the Central Highlands (Wanjohi et al., 2018),
M. incognita infestation in Central, Nyanza, Western, Eastern, Rift
Valley, and Coast regions (Figure 2) (Hallmann and Sikora, 1994;
Mbogoh et al., 2013; Karuri et al., 2017). In fact, the widespread
and high infestations by root-knot nematodes, e.g., M. incognita,
and M. javanica had been reported a long time ago in Kenya
(Whitehead and Kariuki, 1960; Kanyagia, 1979).

Figure 1. Potato cyst nematode distribution and incidence level classification across the 20 counties in

Kenya (Mburu et al., 2020).




252

Hillary M.O. Otieno /Arch. Agric. Environ. Sci., 8(2): 250-258 (2023)

nn
co
ocC
>
21

UGANDA

N

g Matayos

Teso South
~—

Kisunnu_}

Mosocho
v

TANZANIA

Legend

Bl Meloidogyne incognita
Meloidogyne hapla A
Meloidogyne enterolobii
B Meloidogyne sp.
@® Major City
o 80

Water

KENYA

Manyatta

ETHIOPIA

SOMALIA

T
F

Indian
/ Ocean
PMombasa
Topography: ArcGIS Online
160 240 Km ¥ Design: Gi Unit. icipe. 2016
! . 4 : WGS 84

Figure 2. Map of Kenya showing the distribution of Meloidogyne species in Kiharu, Manyatta, Matayos, Moso-
cho, Nzaui, and Teso South sub-counties, Kenya (Karuri et al., 2017).

NEMATODE HOST PLANTS AND DISSEMINATION

Nematodes have various growth stages that can be common or
distinct depending on the species. The dormant stage of the
eggs inside the cysts can last up to 20 years, even in the absence
of a host or under adverse environmental conditions (Caixeta
et al., 2016). This ability to survive adverse conditions for an
extended period explains why controlling nematode parasites is
always complex, challenging, and expensive. Nematodes can
spread and colonize other fields in different ways. The most
common dissemination methods include irrigation water, runoff,
soil particles, seed tubers, footwear, animal hooves, farm imple-
ments, and machinery (Jatala and Bridge, 1990; Henrique,
2012). At the farms, several plant species play host to nema-
todes, and depending on the species, the hosts could be narrow
to broad. Of all the categories of nematodes, root-knot nema-
todes have the widest host range (Mitkowski and Abawi, 2003).
Common host plants to potato cyst, root-knot, and root lesion
nematodes include tomato (Solanum lycopersicum), Physalis
spp., African eggplant (Solanum aethiopicum), Physoclaina spp.,
eggplant (Solanum melongena), Datura spp., Hyoscyamus spp.,
Salpiglossis spp., and Saracha spp. (Senasica, 2013). In other
countries, species such as D. ferox, Nicotiana acuminata, S.
ligustrinum and S. pinnatum have also been reported as hosts of G.
rostochiensis patotype Ro1 (Sullivan et al., 2007).

SYMPTOMS OF NEMATODE INFECTION

Distinctive signs and symptoms of nematode infestations occur
in patches of poor potato growth in the field, which tend to be
circular to oval and vary from a few meters across to several
acres in size. The infected plants show smaller, curled, and ab-
normally colored leaves, with brown spots on the margins and
reduced numbers and sizes of leaflets, affecting photosynthesis
(Pinheiro et al., 2015). The infected plants show yellowish symp-
toms, like water and nutrient deficiencies, reduced size, and
number of tubers, with small lesions, making them unmarketa-
ble (Grabau and Noling, 2019; Price et al., 2021). Under the
ground, RKN induces galling on tubers due to hypertrophy and
hyperplasia of infected cells, making tubers look warty or
bumpy (Lima et al., 2018). This galling provides positive diagnos-
tic confirmation of RKN presence, infection severity, and poten-
tial for crop damage (Grabau and Noling, 2019). Plants with dam-
aged roots wilt during warmer periods of the day and may remain
wilted even with irrigation (Grabau and Noling, 2019). The root
systems become less developed, and plants produce more lateral
roots, leading to stunting, nonresponsive to fertilizations, and
premature death (Lima et al., 2018). Specific to RKN infection, the
attached plants show yellowing, stunting growth, wilting, brown
spots, and tuber rotting. The numbers and sizes of galls vary
depending on the susceptibility of the cultivar, favorable temper-
atures, and population density (Hunt and Handoo, 2009).




Hillary M.O. Otieno /Arch. Agric. Environ. Sci., 8(2): 250-258 (2023) 253

INTEGRATED NEMATODE PEST MANAGEMENT (IPM)
STRATEGIES

Once the nematodes are reported in the fields, management
measures should be deployed immediately to avoid further dis-
semination and population build-up, thus avoiding yield losses.
The success in reducing the population of nematodes varies and
depends on the initial population density, soil type, plant geno-
type, and temperature (Ferris et al., 1994). The control methods
for nematodes include quarantine regulations, planting tolerant
varieties, crop rotation, crop succession, solarization, use of
resistant varieties, and application of nematicides. This section
discusses various IPM practices in detail- the practice, key com-
ponents, and scientifically proven potential impact.

Use of disease-free planting materials from tolerant varieties
and weed management

Cultural practices help reduce nematode build-up when ade-
quately carried out. Sourcing healthy planting materials from
tolerant varieties is the first step in managing nematodes.
Healthy tubers and seeds ensure nematode-free plants are used
for production, thereby eliminating the potential of introducing
pathogens to the fields. Using resistant or tolerant cultivars pro-
vides the most effective, low-cost, and environmentally sound
strategy to control nematodes. These varieties must have been
tested for resistance to the pathogen and proved to produce a
good performance in a particular region where potatoes and
other targeted crops are produced (Minnis et al., 2004). Howev-
er, in potatoes, currently, there is no commercial cultivar availa-
ble that is resistant to Meloidogyne spp. (Bali et al., 2021) even
though some studies report the identification of resistant genes
in wild genotypes and posterior introgression into breeding
lines (Lima et al., 2018; Mburu et al., 2020). In tomatoes, some
varieties have been reported to resist various nematode spe-
cies, and the rootstocks are used to upgrade the resistance of
the susceptible ones. For instance, grafted tomato plants using
nematode-resistant rootstocks successfully control Meloido-
gyne spp. (Kaskavalci et al., 2009). These researchers reported
that rootstocks from Brigeor, Morgan, King-Kong, Unifort, and
Emperador varieties exhibit high resistance to M. arenaria and
M. javanica, but Multifort and Maxifort showed intermediate re-
sistance. The selection of cultivars for nematode management
should also consider the variety's growth cycle. For instance,
late maturing potatoes planted during long rains are more likely
to record yield losses caused by nematodes than short-cycle
cultivars. Therefore, farmers should opt for fast-maturing varie-
ties to minimize losses. In Kenya, some short-cycle potato varie-
ties are Kerr’s Pink, Sagitta, Shangi, and Derby, while early-
medium maturing varieties include Kenya Mpya, Saviola, and
Evora. The immediate destruction of volunteer potato plants,
tubers, and weeds ensures that the pests do not survive and
build up in the fields. Planting certified potato tubers and select-
ing planting dates to avoid a high RKN population during tuber
growth have been suggested to help manage nematodes (Jones
etal., 2017).

Practice fallowing

Fallowing is a farming practice that leaves the soil uncultivated
for a specific period. Two types of fallow could be practiced,
namely weed-free and weedy fallow. As the names suggest,
weed-free fallow is where no crop is planted, but the weeds are
still controlled. This type of fellow yields better nematode con-
trol than weedy fallow but is always prone to soil erosion. In
weedy fallow, no crop is grown, and weeds are allowed to grow
uncontrolled- the fields are covered under weeds for the entire
fallow period. This type of fallow may allow nematode numbers
to increase as many plant-parasitic nematodes survive on weed
hosts (Schroeder et al., 1993). The effectiveness of fallow sys-
tems is contingent upon the duration of the fallow period—a
longer fallow period result in improved nematode control. To
successfully grow an annual crop susceptible to root-knot nema-
todes, fallowing for at least a year is necessary as it lowers the
nematode population (Perry, 2010). Weaver et al. (1995) found
that fallows successfully improved yields despite a mixed popu-
lation of the cyst and root-knot nematodes. The efficacy of the
fallow practice could be increased through combination with
other practices. For instance, Adediran et al. (2005) observed
that, on average, siam weed fallow reduced nematode popula-
tion densities by 67-79%, mucuna fallow by 64-72%, and the
natural bush by 30-49% across the trial locations. During fallow-
ing, it is crucial to maintain soil moisture to encourage egg
hatching and eliminate weeds that may harbor nematodes
(Perry, 2010). The eggs will hatch due to the favorable moisture
levels but then perish in the absence of a food source (Widmer
etal., 2002).

Implement crop rotation

Crop rotation is the practice of planting crops from different
families sequentially on the same plot of land to combat pests
and diseases, among other benefits. The practice works to break
the lifecyle of nematodes by depriving them of their preferred
host crops. Continuous cultivation of potatoes on PCN-infested
land can be devastating and lead to crop loss of up to 80%
(NPCK, 2021). Crops to consider for rotation with potatoes and
other Solanaceae include barley (Hordeum vulgare), oat culti-
vars (Avena sativa), cotton (Gossypium hirsutum), and some
grasses, sorghum, maize, castor beans, brassica crops, including
cabbage, cauliflower, mustard, and Chinese cabbage (Pinheiro
et al., 2009; Otieno, 2019). Specifically, sorghum, maize, and
castor beans have been deployed for M. javanica control. How-
ever, potatoes, tomatoes, eggplants, or other solanaceous
species should be avoided. There is evidence of success with the
rotation strategy, and the impact is greatly influenced by the
rotation length, crop species involved, and soil type (Forge et al.,
2015). Johnson et al. (1996) reported three years of potato yield
increase when rotated with sorghum and beans in plots infested
with M. hapla or M. arenaria and M. incognita. Lima et al. (2018)
recommended about four years, accompanied by proper weed
control, to achieve success in nematode control. Rotating pota-
toes with barley showed a reduction in G. rostochiensis up to
87% (Senasica, 2013). When using marigold for rotation,
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Ploeg (2002) observed a significant increase in tomato vyields,
which were 50% higher than after fallow. However, rotation is
not very effective in the short term and requires longer periods
for a meaningful reduction of nematodes. According to the mod-
eling procedure by Trudgill et al. (2014), rotations longer than
eight years would be required to control cyst nematode unless
other effective control measures, such as growing partially
resistant cultivars, were used. Due to this requirement, crop
rotation may not always be economically the best way to man-
age these nematodes in certain cropping systems and regions.
However, when looking at other soil health benefits, it is still
worth practicing and could be combined with other strategies.
For instance, Smiley et al. (2012) concluded that the manage-
ment of nematodes could be achieved by combining crop
rotations and genetic resistance. Chen and Tsay (2006) found
that rotation with rice or taro and the cultural practice of flood-
ing and bare fallowing for four months reduced nematode soil
populations to two or fewer nematodes per 100 ml of soil.

Plant trap and antagonistic plants

The trap strategy involves utilizing a different crop as a host to
entice, disrupt, or confine specific pests to decrease the harm
caused to the primary crop (Samara, 2022). By cultivating trap
crops simultaneously with the main crop, it may be possible to
limit the impact of nematodes by attracting nematodes towards
the trap crop instead of the primary crop. This approach could
prove more effective than chemical-based control methods, as
trap crops are generally more attractive to nematodes than the
main crop. The length of time these plants take in the field is
critical and should be timely destroyed after planting to stop the
nematode cycle (Halford et al., 1999). If these plants are not
destroyed or destroyed too late, the nematode population will
build up. To avoid this potential risk, trap crops should be
removed from the field after 6-8 weeks (Samara, 2022). This
also helps reduce the competition between the main and trap
crops. Some examples of trap plants include the Solanum Sisym-
briifolium (Lam.), which has shown a significant reduction of potato
cyst nematode population density in the field by up to 80%
(Timmermans et al., 2007). Others include S. tuberosum, S.
nigrum, S. dulcamara, and D. stramonium, which have also shown
promising results (Sparkes, 2013). On the other hand, antago-
nistic plants will initially withstand nematode infection; howev-
er, later in their cycle, plant factors will stop their further devel-
opment. These plants include Crotalaria spectabilis, C. juncea,
Tagetes patula, T. minuta, T. erecta, and Estizolobium spp, and have
been used to manage root-knot nematodes in potato fields
(Gomes and Souza, 2003; Embrapa, 2015; Limaet al., 2018).

Practice solarization

Soil solarization is a method of soil disinfestation based on solar
heating by mulching soil with transparent polyethylene during
the hot season, thereby controlling soil-borne pests (Katan and
Gamliel, 2014). This method is environmentally friendly and
suitable for organic and integrated crop management systems. It
effectively manages soil-borne pathogens and has long-lasting

benefits for the agroecosystem, including improved soil nutrient
levels and increased microbial activity. The values of the maxi-
mum soil temperature and amount of heat accumulated
(duration x temperature) determine the potential of the thermal
killing effect on soil-borne pests and weed seeds (Rubi et al.,
2007). Under this method, the soils are covered with a poly-
thene sheet for about 4-6 weeks. The method works best in
warmer regions and when the soils have high organic matter
content (Rubi et al., 2007). Gamliel and Katan (2012) have cov-
ered other basic principles of solarization. Comprehending how
the management measure works, and the biological and envi-
ronmental processes it affects, is a valuable resource for im-
proving pest management, anticipating its effectiveness, and
decreasing unwanted consequences. According to Katan and
Gamliel (2014), the mechanisms of biological control that may
be created, stimulated, or suppressed by solarization can be
connected with the inoculum existing in the infested soil; sup-
pression of reinfestation of the soils after the termination of the
solarization process, leading to induced soil suppressiveness;
and induced host-plant resistance.

The application of solarization in nematode management has
been studied and reported. Solarization for about 30 days
reduces root-knot nematodes and potato cyst nematodes from
80-100% under no solarization conditions to 1-20% (Carson
and Otoo, 1996; Greco et al., 2000). Such control has resulted in
a 28-32.3% increase in potato yields under field conditions
(Greco etal., 2000). To apply this, farmers need to prepare their
farms early by carrying out deep cultivation and allowing the
field to be heated for at least 30 days before the onset of rains.
Though promising and effective, resource-constrained small-
scale farmers may need financial help to adopt since using poly-
thene to cover the fields may become expensive. Again, the
effects of solarization on nematodes differ across species and
may not always be as potent as on bacteria and weeds. This is
because nematodes are mobile and have the ability to burrow
deeper into the soil to avoid heat during solarization, which
allows them to recolonize soil quickly and plant roots after
treatment (Elmore et al., 1997). Moreover, solarization is most
effective in controlling nematodes within the top 12 inches of
soil. Hence, nematodes that reside deeper in the soil can survive
the treatment and continue to cause destruction to plants,
especially those with deep root systems (Elmore et al., 1997).

Adopt biological control

Biological control involves the use of living organisms to manage
the nematode population. Commonly used microorganisms in-
clude Trichoderma, mycorrhizal and endophytic fungi. These
organisms have been used to produce nematicides for applica-
tion, which can be used solely or in combination with synthetic
nematicides. The Streptomyces sp. strain NA-369 is able to con-
trol M. incognita in eggplant (Chubachi et al., 2003). Studies
have also demonstrated the potential of combining chemical
and biological nematicides to control nematodes. According to
Dahlin et al. (2019), Velum reduced the population of
nematodes at planting and reinforced the biological efficacy of
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Purpureocillium lilacinum strain 251 (BioAct) throughout the grow-
ing season. Velum should be applied pre-plant and up to 6
weeks post-planting, whereas the nematode antagonist P.
lilacinum should be applied before planting and during the entire crop
season (Dahlin et al., 2019). The use of Trichoderma harzianum
has also been tested and showed positive results. For example,
Sahebani and Hadavi (2008) found that when tomato seeds were
treated with T. harzianum under greenhouse conditions, the
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level of disease caused by the nematode Meloidogyne spp. was
significantly reduced. Also, Martinez-Medina et al. (2017)
observed that the presence of T. harzianum in the roots of
plants hindered nematode invasion, galling, and reproduction.
The use of trichoderma, mycorrhizal and endophytic fungi as
biological control strategies for plant-parasitic nematodes has
been reviewed in detail by Poveda et al. (2020).

Table 1. Efficacy of various nematicides on potato cyst nematode and root-knot nematodes. The efficacy levels considered included
egg inhibition, nematode population reduction, reduction in galling index, and yield improvement.

. . Product Efficacy Application
Active ingredient example Nematode type recorded-%  method Reference
Fluopyram Pestanal, Root-knot and 78-100 Soil- furrow/pot  Aritaet al. (2020); Silva et al. (2019);
Velum Prime  cyst nematode and foliar Faske and Hurd (2015); Dahlin et al.
(2019)
Fluensulfone Nimitz Root-knot and 73-100 Soil- furrow/pot  Arita et al. (2020); Silva et al. (2019);
15G®, Nimitz cyst nematode and foliar Morris et al. (2015, 2016); Grabau
480EC® etal. (2019); Norshie et al. (2016)
Oxamyl Nematex, Root-knot and 33-80 Soil- furrow / Hajihassani et al. (2019); Morris et al.
Vydate 10G cyst nematode pot and foliar (2016); Mostafa et al. (2015); Norshie
etal. (2016); Minnis et al. (2004);
Ingham et al. (2000); Radwan et al.
(2012)
Fluazaindolizine Salibro SC Root-knot and 67-81 Soil- furro/ pot Hajihassani et al. (2019); Lahm et al.
500, cyst nematode and foliar (2017); Wram and Zasada (2020)
Reklemel™
1,3-dichloroprene  Telonell: Root-knot and 52-100 Injection Minnis et al. (2004); Grabau et al.
94% cyst nematode (2019); Hafez and Sundararaj (2006);
Ingham et al. (2000)
Ethoprophos Savanem 20 Root-knot and 53-97 Soil Adamou et al. (2013); Mostafa et al.
EC, Mocap, cyst nematode (2015); Hafez and Sundararaj (2006);
Super Con- Radwan et al. (2012); Ingham et al.
trol (2000)
Aldicarb Temik 10G Root-knot and 83 Soil/ granular Minnis et al. (2004); Greco et al.
cyst nematode (2000); Chabrier et al. (2002)
Fosthiazate Nemathoin Root-knot and 63-97 Soil/granular Minnis et al. (2004); Norshie et al.
10% cyst nematode (2016); Radwan et al. (2012);
Chabrier et al. (2002); Ingham et al.
(2000)
Carbofuran Furadan Root-knot and 94-96 Soil Radwanetal. (2012)
cyst nematode
Cadusafos Rugby® 10G  Root-knot and 77-86 soil Radwanetal. (2012)
cyst nematode
Purpureocillium BioAct WG Root-knot
lilacinum strain nematode 56-61 Soil Dahlinetal. (2019)
251
Bacillus sp BC27 Lab. Isolate Rootknot 80-100 Soil
&29 (from goat nematode Chinheyaetal. (2017)
manure)
Spirotetramat Movento Rootknot 35-78 Foliar spray Baidoo et al. (2017); Jones et al.
nematode (2017); Smiley et al. (2011); Vang

etal. (2016); McKenry et al. (2009)
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Adopt chemical control

Eliminating nematodes on some crops is essential for specific
high-end market requirements, especially for high-value horti-
cultural products like potatoes. Chemical control with nemati-
cides has been used globally with a satisfactory control rate.
However, using nematicides is costly and has severe human and
ecological damage (Greco, 1993; Gowen, 1997). In order to
improve control, chemicals should be used just before and after
the planting of potatoes (Jones et al., 2017). Several compounds
have been used with much success to control nematodes—some
of these products including Fluopyram (Pestanal and Velum
Prime), Fluensulfone (Nimitz 15G® and Nimitz 480EC®),
Fluazaindolizine (Salibro SC 500 and Reklemel™), and Tioxazafen
(for seed treatment) (Table 1).

The efficacy of various nematicides on cyst nematodes and root-
knot nematodes can be assessed based on egg inhibition, nema-
tode population reduction, reduction in the galling index, and
yield improvement. Under foliar application, it is vital to consider
the phytotoxicity characteristics of the products. For example,
fluensulfone can cause phytotoxic effects on eggplant and toma-
to crops. The depth of incorporation also influences the efficacy
of these nematicides. Incorporating the products to 15-20 cm
with tubers planted at a depth of 10-15 cm reduced root inva-
sions and consistently gave higher ware yields and better nema-
tode control than the other incorporation methods (Woods and
Haydock, 2000). Application time also matters a lot in influenc-
ing efficacy. Vang et al. (2016), Baidoo et al. (2017), and Jones et
al. (2017) recommended that early application within 0-2 weeks
after planting is much better and should be encouraged than
later application when nematode infestation has already
occurred. Some products have shown inconsistent results adding
to the complexities in the nematode control. For instance, fluen-
sulfone was less efficacious than oxamyl or fosthiazate, which
suggests that the treatment may not reliably be integrated with-
in shorter potato rotations (Norshie et al., 2016). Observations
on nematode multiplication control indicated oxamyl generally
reduced multiplication to a greater extent than the other prod-
ucts tested in sites of organic, silty- and sandy-loam and mineral
soils (Michaelides et al., 2000). Regarding the speed of action,
aldicarb acted faster and gave better control than ethoprophos
(Michaelides et al., 2000).

Potato yield increase due ot nematicide application is never con-
sistent and varies widely (negative to positive figures) depending
on several factors, including soil type, soil moisture content, vari-
ety tolerance level, soil temperature, and weed control (Bui and
Desaeger, 2021). The commonly reported yield increase range is
between 0 and 44% among various crops (Greco, 2000; Chabrier
et al., 2002; Norshie et al., 2016). Other compounds, such as
abamectin, have also been tested with promising results on pota-
to cyst nematode control (Sasanelli et al., 2020). According to
Qiao et al. (2012), abamectin exhibited excellent control effects
on nematodes while giving higher yields, 19-39% above control.
However, this product is highly hazardous and should be avoided
by small-scale farmers. Other products like spirotetramat show
promising results though inconsistent (Desaeger et al., 2020).
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Conclusion

Potatoes are often impacted negatively by several nematode
species, which can cause significant yield losses and poor quali-
ties of tubers. The severity of this issue depends on various
factors, including the nematode species, local climate, plant host
factors, and management practices. Proper identification of
nematode species is crucial for effective control. However,
nematodes are difficult to manage or eradicate once introduced
into a field due to their unique biology and behaviors. Effective
control of nematodes requires farmers to practice integrated
nematode management systems with a combination of at least
two management practices. Several cultural and agronomic
practices have shown some decent levels of efficacy and have
been recommended for adoption. Timely application of these
practices is critical for any better outcome to be realized. The
application of nematicides is the most effective strategy. How-
ever, chemicals should be cautiously applied as they have
severe human and ecological damage. The implementation of
these practices must also consider their economic and technical
feasibility for sustainable cropping of potato cultivars and other
Solanaceae.
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